Poly(dG)–poly(dC) DNA appears shorter than poly(dA)–poly(dT) and possibly adopts an A-related conformation on a mica surface under ambient conditions  by Borovok, Natalia et al.
FEBS Letters 581 (2007) 5843–5846Poly(dG)–poly(dC) DNA appears shorter than poly(dA)–poly(dT)
and possibly adopts an A-related conformation on a mica surface
under ambient conditions
Natalia Borovoka, Tatiana Molotskya, Jamal Ghabbounb, Hezy Cohenb,
Danny Porathb,c,*, Alexander Kotlyara,d,*
a Department of Biochemistry, George S. Wise Faculty of Life Sciences, Tel Aviv University, Ramat Aviv 69978, Israel
b Physical Chemistry Department, The Hebrew University, Jerusalem 91904, Israel
c Center for Nanoscience and Nanotechnology, The Hebrew University, Jerusalem 91904, Israel
d Nanotechnology Center, Tel Aviv University, Ramat Aviv 69978, Israel
Received 10 October 2007; revised 10 October 2007; accepted 14 November 2007
Available online 29 November 2007
Edited by Christian GriesingerAbstract Three types of DNA: 2700 bp polydeoxyguanylic
olydeoxycytidylic acid [poly(dG)–poly(dC)], 2700 bp polyde-
oxyadenylic polydeoxythymidylic acid [poly(dA)–poly(dT)] and
2686 bp linear plasmid pUC19 were deposited on a mica surface
and imaged by atomic force microscopy. Contour length mea-
surements show that the average length of poly(dG)–poly(dC)
is 30% shorter than that of poly(dA)–poly(dT) and the plasmid.
This led us to suggest that individual poly(dG)–poly(dC) mole-
cules are immobilized on mica under ambient conditions in a
form which is likely related to the A-form of DNA in contrast
to poly(dA)–poly(dT) and random sequence DNA which are
immobilized in a form that is related to the DNA B-form.
 2007 Federation of European Biochemical Societies. Published
by Elsevier B.V. All rights reserved.
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Poly(dG)–poly(dC); Poly(dA)–poly(dT); A-form1. Introduction
It has been shown more than half a century ago by Franklin
and Gosling [1] that DNA can adopt two ordered structures,
termed B-form, which is the dominant biological conformation
of DNA in physiological conditions, and A-form. Both confor-
mations are right handed helical duplexes, yet their shapes are
very diﬀerent [2]. The A-helix is shorter and thicker compared
to the B-helix; the helical rise of the B-form is 0.34 nm/bp while
the A-helix is characterized by a rise of only 0.26 nm/bp. In
solution, the B–A transition can be induced by addition ofAbbreviations: AFM, atomic force microscopy; poly(dG)–poly(dC);
polydeoxyguanylic acid–polydeoxycytidylic acid; poly(dA)–poly(dT);
polydeoxyadenylic acid–polydeoxythymidylic acid
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doi:10.1016/j.febslet.2007.11.058non-electrolytes such as: ethanol [3–6], methanol [7], or triﬂuo-
roethanol [8,9] that decrease the water activity. The B–A tran-
sition has also been suggested to occur when DNA is
immobilized on a mica surface. It has been shown by AFM
that random sequence DNA molecules are adsorbed on mica
in a conformation that corresponds to B-form [10,11]. How-
ever, deposition from water/ethanol mixtures results in signif-
icant reduction of the length of the DNA. AFM contour
length analysis showed that the mean contour length of the
molecules becomes 21% shorter than that in the absence of eth-
anol [11]. This ﬁnding led the authors to suggest that random
sequenced plasmid DNA molecules are immobilized on mica
from water solutions in B-form but from a 30% (v/v) (or high-
er) ethanol solution in A-form.
It is known that the B–A transition is sequence speciﬁc [12].
Double stranded DNA containing a long continuous run of
guanines (or a G-tract) has been known to have a higher
chance to undergo a B–A transition compared to the AT-rich
DNA in solution [4,13–15]. A comparative morphological
analysis of poly(dG)–poly(dC) and poly(dA)–poly(dT) DNA
on the surface has never been performed before. The latter is
mainly due to the absence of commercial preparations of the
DNA homopolymers characterized by a well-deﬁned and nar-
row length distribution of molecules, which are suitable for
such an analysis. We have recently developed a novel proce-
dure for production of thousands of base pairs long poly-
(dA)–poly(dT) and poly(dG)–poly(dC) [16] of well-deﬁned
length and narrow size distribution which enables us to per-
form a comparative AFM length analysis of these molecules.
This paper reports a contour length AFM analysis of poly-
(dA)–poly(dT), poly(dG)–poly(dC) and random sequenced
linear plasmid pUC19 double stranded DNA molecules
composed of almost equal amounts (2700) of base pairs.
Based on AFM length analysis, in the absence of direct struc-
tural information on the surface for these molecules, we sug-
gest that poly(dG)–poly(dC) is converted to A-form in
solution during drying and immobilization of the molecules
on the mica surface in contrast to the poly(dA)–poly(dT)
and plasmid pUC19 which preserve a B-conformation in the
solution drop. Upon adsorption on the surface and drying,
the molecules likely adopt A- and B-related forms which are
deformed due to the ambient environment and the surface
forces.blished by Elsevier B.V. All rights reserved.
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2.1. Materials
Unless otherwise stated, reagents were obtained from Sigma–Al-
drich (USA) and were used without further puriﬁcation. 2 0-Deoxyribo-
nucleoside 5 0-triphosphates were purchased from Sigma–Aldrich.
Linear plasmid pUC19 and Klenow fragment exonuclease minus of
DNA Polymerase I from Escherichia coli lacking the 3 0 ﬁ 5 0exonucle-
ase activity (Klenow exo) were purchased from Fermentas (Lithua-
nia).
2.2. DNA samples
2700 base pairs poly(dG)–poly(dC) and 2700 bp poly(dA)–poly(dT)
were synthesized essentially as described in our recent publication [16].
Synthesis of poly(dG)–poly(dC) was conducted in a reaction mixture
containing 60 mM K–Pi buﬀer, pH 7.4, 5 mM dithiothreitol (DTT),
2 mM MgCl2 and 0.6 mM dCTP and 0.6 mM dGTP. Synthesis of
poly(dA)–poly(dT) was conducted in 60 mM K–Pi buﬀer, pH 6.5,
5 mM dithiothreitol (DTT), 5 mM MgCl2 and 0.6 mM dATP and
0.6 mM dTTP. The former reaction was primed by 0.1 lm (dG)10–
(dC)10 and the latter by 0.1 lm (dA)15–(dT)15 oligonucleotides. Both
reactions were initiated by addition of the enzyme (Klenow exo)
and were conducted for 1 h at 37 C.
2.3. HPLC analysis of the products of polymerase synthesis
The synthesized high molecular weight DNA was separated from the
nucleotides and other components of the assay using size-exclusion
HPLC. The separation was carried out with a TSK-gel G-DNA-PW
HPLC column (7.8 · 300 mm) from TosoHaas (Japan) by isocratic
elution with 20 mM Tris–acetate buﬀer, pH 7.4, at a ﬂow rate of
0.5 ml/min. The amount of nucleotides (in pairs) eluted from the
column was estimated by spectrophotometer; 19.2 · 103 and
24.8 · 103 M1 cm1 extinctions coeﬃcients at 260 nm were used for
a sum of dCTP and dGTP, dATP and dTTP, respectively [17]. The re-
sults of this analysis are summarized in Table 1. All the experiments
were conducted with an Agilent 1100 HPLC system with a photodiode
array detector.
2.4. Gel electrophoresis
The DNA samples were electrophoresed in an 0.7% agarose gel at
room temperature at 130 V for 1 h. TAE buﬀer, in addition to being
used to prepare the agarose, also served as the running buﬀer. The
dimensions of the agarose gel were 10 · 10 cm with 2 · 4 mm 14-wells.
The gel was stained with ethidium bromide (0.5 lg/ml) and was visual-
ized with a Bio Imaging System 202D (302 nm).
2.5. AFM imaging
Atomic force microscopy was performed on the molecules adsorbed
onto mica surfaces essentially as described in Refs. [10,18–20]. Twenty
microlitres of 0.2 nM (in molecules) DNA solution in 2 mM Tris–ace-
tate, pH 7.4, containing 2 mM, Mg2+, Mn2+ or Ni2+ were deposited on
freshly cleaved moskovite mica plates and incubated for 2–5 min,
washed with distilled water, and dried with nitrogen gas. DNA depo-
sition in methanol was carried out as follows: 0.5 nM (in molecules) of
DNA solution in 20 mM Tris–acetate, pH 7.4, 2 mM Mg2+ and 50%Table 1
Incorporation of deoxyribonucleosine triphosphates into poly(dG)–
poly(dC) and poly(dA)–poly(dT) during the synthesis
Poly(dG)–poly(dC) Poly(dA)–poly(dT)
Time of
synthesis
(min)
NTP
(nmol)
Calculated
length (bp)a
Time of
synthesis
(min)
NTP
(nmol)
Calculated
length (bp)a
0 47.27 0 0 56.22 0
60 20.05 2722 ± 50 60 28.98 2724 ± 50
The synthesis was conducted and the values were estimated as
described in Section 2. All numbers are average values of three
measurements.
aEstimated by dividing the amount of nucleotides consumed from the
assay during the synthesis by the amount of template-primer, 10 nmol
for either poly(dG)–poly(dC) or poly(dA)–poly(dT).methanol was deposited on freshly cleaved moskovite mica plates
and incubated for 5 min, washed with distilled water, and dried with
nitrogen gas. DNA was deposited on aminopropyl silatrane (APS)
treated mica as described in Ref. [21]. Forty microlitres of 1 nM
DNA solution in 20 mM Tris–acetate buﬀer, pH 7.4, was deposited
on freshly cleaved mica surface pretreated with 0.001% APS and incu-
bated for 10 min at room temperature. The surface was washed with
distilled water, and dried with nitrogen gas.
AFM images were obtained with a Solver PRO (NT-MDT, Russia)
AFM in non-contact (tapping) mode using Si-gold coated cantilevers
(NT-MDT) 130 lm long with resonance frequency of 119–180 kHz
and a diameter of 10 nm. The images were ‘‘ﬂattened’’ (each line of
the image was ﬁtted to a second-order polynomial, and the polynomial
was then subtracted from the image line) by the AFMs image process-
ing software. The contour length of 200 individual well-separated
DNA molecules was measured and averaged. The contour length mea-
surements were performed using Nanotec Electronica S.L. (Madrid)
WSxM imaging software [22]. The length values are corrected for the
ﬁnite tip radius by subtracting the molecules apparent width (a good
approximation for the tip diameter) from the measured length.3. Results and discussion
The poly(dG)–poly(dC) and poly(dA)–poly(dT) molecules
were synthesized using Klenow fragment of Polymerase I as
described in Section 2. The synthesis was halted by adding
EDTA to the assay mixture when the amount of bases incor-
porated into both types of DNA reached 2700, approximately
the amount of base pairs in the linear plasmid pUC19. The
amount of bases incorporated into the polymer during the syn-Fig. 1. Mobility of poly(dG)–poly(dC), poly(dA)–poly(dT), and
pUC19 DNA in 0.7% agarose gel. Electrophoresis of the molecules:
100 bp DNA ladder (lane 1); 2700 bp poly(dG)–poly(dC) (lane 2);
2700 bp poly(dA)–poly(dT) (lane 3), linear 2686 bp plasmid pUC19
DNA (lane 4). The electrophoresis was conducted for 1 h at 130 V. The
amount of DNA loaded per lane was 20 ng. The gel was ethidium
bromide stained. The arrows show molecular weight of dsDNA ladder.
Table 2
The determination of the contour length of poly(dG)–poly(dC),
poly(dA)–poly(dT) and linear plasmid pUC19 under various deposi-
tion conditions
Deposition
conditions
Contour length (nm)
Poly(dG)–
poly(dC)
Poly(dA)–
poly(dT)
pUC19
No additionsa 600 ± 93 770 ± 91 840 ± 62
2 mM MgCl2
b 560 ± 87 730 ± 96 690 ± 68
2 mM MgCl2,
10 mM LiClc
510 ± 71 770 ± 98 680 ± 63
2 mM MgCl2,
50% methanold
500 ± 77 720 ± 93 760 ± 64
2 mM MnCl2
e 515 ± 71 740 ± 94 780 ± 50
2 mM NiCl2
f 500 ± 79 710 ± 93 740 ± 93
The deposition was conducted and the contour length was estimated as
described in Section 2.
aDeposited on APS-modiﬁed (see Section 2) from 2 mM Tris–acetate.
bDeposited from 2 mM Tris–acetate and 2 mM MgCl2.
cDeposited from 2 mM Tris–acetate, 2 mM MgCl2 and 10 mM LiCl.
dDeposited from 20 mM Tris–acetate, 2 mMMg2+ and 50% methanol.
eDeposited from 2 mM Tris–acetate and 2 mM MnCl2.
fDeposited from 2 mM Tris–acetate and 2 mM NiCl2.
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products of the synthesis were separated from the dNTPs by
size-exclusion HPLC. The synthesized DNA and the nucleo-
tides were collected separately and the quantity of the nucleo-
tides left in the assay solution was estimated spectroscopically
by measuring the absorption of the nucleotide fraction at
260 nm. The results of this analysis are summarized in Table
1. As seen in the table, the estimated amounts of the nucleo-
tides incorporated into the poly(dG)–poly(dC) and poly-
(dA)–poly(dT) molecules during the synthesis are equal
within the experimental error (2720 bp) to the amount of
nucleotides in pUC19 DNA (2686 bp). The synthesized mole-
cules were further analyzed by gel electrophoresis. As seen in
Fig. 1, all the three DNA types move similarly in the gel under
the inﬂuence of the electric ﬁeld, thus showing that the base
composition does not aﬀect the mobility of the DNA in the
gel. These results together with the data presented in Table 1
clearly shows that poly(dG)–poly(dC), poly(dA)–poly(dT),
and random sequence pUC19 DNA are composed of almost
equal amounts of base pairs.
AFM images of poly(dG)–poly(dC), poly(dA)–poly(dT),
and pUC19 DNA adsorbed on freshly cleaved mica are pre-
sented in Fig. 2a–c, respectively. The corresponding contour
length distributions are presented in Fig. 2d–f. The measured
average contour lengths of 200 single molecules of
2700 bp poly(A)–poly(T) and 2686 bp pUC19 DNA mole-
cules (Fig. 2e and f) are 800 ± 65 and 820 ± 64 nm, respec-
tively, with a sharp length distribution. The contour lengths
of these DNA species are in good agreement with the length
of double stranded plasmid DNA molecules on a mica surfaceFig. 2. AFM images of (a) 2700 bp poly(dG)–poly(dC), (b) 2700 bp poly
deposited in 2 mM MgCl2 as described in Section 2. Insets show cross-section
of more than 200 molecules corresponding to (a–c), respectively. The length v
apparent width (a good approximation for the tip diameter) from the measu
poly(dC), 800 ± 65 nm for poly(dA)–poly(dT), and 820 ± 64 nm for pUC19that were suggested to be in B-conformation [10,23,24]. The
average contour length of 200 single molecules of
poly(dG)–poly(dC) measured as demonstrated in Fig. 2d is
540 ± 76 nm, which is 33% shorter than that of poly(dA)–
poly(dT) and 34% shorter than the plasmid DNA length. We
note that we do not observe self-folding of the poly(dG)–
poly(dC) that could have lead to the measured length diﬀer-
ence within the imaging resolution. The diﬀerences between(dA)–poly(dT), and (c) 2686 bp linear plasmid pUC19 DNA molecules
of the marked molecules. Panels (d–f) show statistical length analyses
alues are corrected for the ﬁnite tip radius by subtracting the molecules
red length, and yield an average length of 540 ± 76 nm for poly(dG)–
DNA molecules.
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diﬀerence between the lengths of B and A forms of DNA,
which would be 23.5% based on the diﬀerence in the rise
per base pair of 3.4 A˚ for B-form and 2.6 A˚ for A-form
DNA [2,25]. The average length of poly(dG)–poly(dC) and
the length ratio between poly(dG)–poly(dC) and poly(dA)–
poly(dT) or the plasmid DNA are not considerably aﬀected
by the ionic composition of the deposition solution (Mg2+,
Mn2+, Ni2+), by 50% ethanol in the solution (see Table 2) or
even by the surface modiﬁcation by APS. As is evident from
the data presented in Table 2, the measured contour length
of poly(dG)–poly(dC) is 25–30% shorter than that of poly-
(dA)–poly(dT) or the plasmid DNA under all the tested depo-
sition conditions.
This ﬁnding leads us to suggest that in contrast to poly(dA)–
poly(dT) and random sequence DNA, poly(dG)–poly(dC)
adopt a conformation which is related to A-form on the mica
surface. This suggestion is supported by the earlier observed
crystallization of DNA oligomers containing two or more con-
secutive guanine bases in the A-DNA conformation [26–31]
and by the demonstration of B–A transition of a long contin-
uous run of guanines (a G-tract) at low water activity [4,13–
15].
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